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[1] Complex conductivity measurements (0.1–1000 Hz)
were obtained from biostimulated sand-packed columns to
investigate the effect of microbial growth and biofilm
formation on the electrical properties of porous media.
Microbial growth was verified by direct microbial counts,
pH measurements, and environmental scanning electron
microscope imaging. Peaks in imaginary (interfacial)
conductivity in the biostimulated columns were coincident
with peaks in the microbial cell concentrations extracted
from sands. However, the real conductivity component
showed no discernible relationship to microbial cell
concentration. We suggest that the observed dynamic
changes in the imaginary conductivity (00) arise from the
growth and attachment of microbial cells and biofilms to
sand surfaces. We conclude that complex conductivity
techniques, specifically imaginary conductivity
measurements are a proxy indicator for microbial growth
and biofilm formation in porous media. Our results have
implications for microbial enhanced oil recovery, CO2
sequestration, bioremediation, and astrobiology studies.
Citation: Davis, C. A., E. Atekwana, E. Atekwana, L. D.
Slater, S. Rossbach, and M. R. Mormile (2006), Microbial growth
and biofilm formation in geologic media is detected with complex
conductivity measurements, Geophys. Res. Lett., 33, L18403,
doi:10.1029/2006GL027312.
1. Introduction
[2] Several laboratory studies have demonstrated the
utility of geophysical methods for the investigation of
microbial-induced changes in porous geologic media. The
primary suggestion of these studies was that temporal
variations in the geophysical signatures corresponded with
microbial-induced changes in the geologic media, such as
changes in pore fluid chemistry [Atekwana et al., 2004],
redox conditions [Naudet and Revil, 2005], sulfide mineral
precipitation [Ntarlagiannis et al., 2005a; Williams et al.,
2005], increase in surface area resulting from attachment of
microbes to mineral surfaces [Abdel Aal et al., 2004], or
pore clogging due to the presence of microbial cells
[Ntarlagiannis et al., 2005b]. Although the above studies
have increased our understanding of microbial-induced
changes on the geophysical response of geologic media,
the direct contribution of microbial growth and biofilm
formation on the geophysical response of geologic media
remains unknown.
[3] Notable is the use of electrical conductivity in con-
junction with other methods (e.g., pH), to detect changes in
the chemical properties of pore solutions caused by microbial
growth and metabolism in geologic media [e.g., Silverman
and Munoz, 1974; Abdel Aal et al., 2004]. A laboratory
column experiment byNtarlagiannis et al. [2005b] showed a
15% enhanced polarization associated with the direct pres-
ence of dormant live (pure culture) bacterial cells in silica
sands. Ntarlagiannis et al. [2005b] tentatively attributed this
polarization enhancement at high cell densities to a combi-
nation of decreased ionic mobility and electron transfer
associated with cell accumulation in pore throats.
[4] The work described in this letter advances the work of
Ntarlagiannis et al. [2005b] by using an environmental
(mixed) bacterial culture, and allowing for microbial growth
and biofilm formation, being more similar to typical field
conditions. Understanding the effect of microbial growth
and biofilm formation on the geophysical response of
geologic media has implications for microbial enhanced
oil recovery (MEOR), CO2 sequestration, and bioremedia-
tion investigations, as well as studies focused on the
development of techniques for the detection of extraterres-
trial life. Here we show an apparent correlation between
imaginary conductivity and microbial growth, and infer that
imaginary conductivity measurements can be used as an
indicator of microbial growth and biofilm formation in
porous geologic media.
2. Methods
2.1. Experimental Column Setup
[5] The experimental columns used in this study were
30 cm long (Figure 1) and constructed from 3.2 cm inner
diameter polyvinyl chloride pipe (PVC). Two Ag-AgCl
current injection electrode coils were installed 16 cm apart
in the column, and two Ag-AgCl potential electrodes (9 cm
apart) were installed between the current electrodes. A fluid
reservoir constructed of 7.6 cm PVC pipe was installed on
top of each column to allow for fluid sampling. Columns
were dry-packed with 20–30 mesh silica sand (99.8%
silicon dioxide, 0.020% iron oxide, 0.06% aluminum oxide,
0.01% titanium oxide, <0.01% calcium oxide, <0.01%
magnesium oxide, <0.01% sodium oxide, <0.01% potassium
oxide). The sands were washed with deionized water and
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disinfected by autoclaving prior to being packed in the
columns. All columns, tubing, and accessories were dis-
infected by rinsing with 70% ethanol.
[6] Two sets of electrical columns were constructed in
duplicate, and a third column was constructed for solid
phase analysis. One set was used for unstimulated (back-
ground) measurements (nutrients + diesel fuel) and one set
for biostimulated (experimental) measurements (nutrients +
diesel fuel + bacterial culture). Columns were saturated with
a sterile 25% Bushnell Haas (BH) nutrient broth (Becton
Dickinson; 50mg/l magnesium sulfate, 5 mg/l calcium chlor-
ide, 250 mg/l monopotassium phosphate, 250 mg/l diammo-
nium hydrogen phosphate, 250 mg/l potassium nitrate,
12.5 mg/l ferric chloride), diesel fuel, and the biostimulated
columns were amended with a mixed bacterial culture that
was cultured from sediments collected at a hydrocarbon
contaminated site in Carson City, MI, USA. The mixed
culture is known to contain hydrocarbon degraders such as
strains of Variovorax and Stenotrophomonas. The fluid in
each column was circulated for 30 min by using a peristaltic
pump prior to electrical measurements, fluid sampling, and
sand sampling.
2.2. Complex Conductivity Measurements
[7] Complex conductivity measurements (0.1–1000 Hz)
were obtained by using a four-electrode technique (Figure 1)
based around a National Instruments (NI) 4551 dynamic
signal analyzer [Vanhala and Soininen, 1995; Slater and
Lesmes, 2002]. The impedance magnitude jj and the phase
shift  (between a measured voltage sinusoid and an
impressed current sinusoid) of the sample were measured
relative to a high-quality resistor. The real (0 = jj cos )
and imaginary (00 = jj sin ) parts of the sample complex
conductivity were then calculated. The electrical measure-
ments were made twice a week for the 60 day duration of
the experiment. Experimental uncertainty in the electrical
measurements was calculated by averaging the electrical
data for duplicate columns, and calculating the standard
deviation from the average.
2.3. Sampling and Analyses
[8] Fluid conductivity (w) and pH were measured using
microelectrodes immediately after fluids were withdrawn
from the fluid reservoirs at the top of the columns. BH broth
was periodically added (day 18, and 31) to the fluid
reservoir to maintain the fluid volume in the reservoir.
Experimental uncertainty in the geochemical measurements
was calculated by averaging the geochemical data for
duplicate columns, and calculating the standard deviation
from the average.
[9] Sand samples were collected from the sand sampling
columns beginning on day 13 of the experiment, immedi-
ately after fluid samples were collected. The sand samples
were used for (1) extraction of bacterial cells for direct
microbial counts, and (2) environmental scanning electron
microscope (ESEM) imaging of grain surface character-
istics. Live and dead microbial cell numbers were deter-
mined by direct counting using an epifluorescent
microscope [Bunthof et al., 2001]. Bacterial cells were
extracted from 0.5g of wet sand using an extraction tech-
nique modified after Lehman et al. [2001]. After extraction,
the bacterial cells were washed with 0.85% NaCl solution,
stained, and prepared for direct counts using a Live/Dead
BacLight Bacterial Viability Kit. The average live cell
concentrations and average dead cell concentrations were
calculated, and experimental uncertainty was determined by
calculating the standard deviation from the average of
duplicate counts.
[10] A portion of the sand samples collected from the
columns were imaged using an ESEM. Images of the sand
surface characteristics and attached microbial cells and
biofilms were obtained by Hitachi High Technologies
America, Inc. using a Hitachi S3400 ESEM fitted with
secondary and backscattered electron detectors. The ESEM
operating parameters varied depending on the surface char-
acteristic being imaged, and ranged from 2.5–8.0 kV, 5.9–
11.1 mm, 700x–3000x, for accelerating voltage, working
distance, and magnification, respectively.
3. Results
3.1. Complex Conductivity
[11] The complex conductivity measurements were cor-
rected for changes in temperature effects using correction
equation y = 0.0003x + 0.0084 (R2 = 0.99) and y =
0.0000001x + 0.000002 (R2 = 0.98) at 25C, for the real
and imaginary conductivity, respectively. Temperature cor-
rection equations were determined from laboratory experi-
ments designed to measure the effect of temperature
variations on the complex conductivity measurements. Fluid
conductivity values were automatically corrected for
changes in temperature by the conductivity microelectrode.
[12] The complex conductivity measurements are shown
in Figures 2a and 2b. We show the electrical data at 2 Hz, as
this frequency is close to typical frequencies used in field
electrical measurements. This was also the frequency at
which our measurement error was lowest. The 00 in the
biostimulated columns increased by 280% from 2.0 
106 S/m on day 0 to peak values (7.8  106 S/m)
between day 18 and 23, before steadily decreasing to
2.0  106 S/m on day 40. The magnitude of the 00
response in the unstimulated columns was relatively small
Figure 1. Schematic diagram showing the experimental
set up. A digital signal analyzer (DSA) was used to collect
the low frequency electrical measurements.
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compared to the biostimulated columns, increasing slightly
and varying by 1.5  107 S/m over the duration of the
experiment and rarely exceeding the initial values at the
start of the experiment. The 0 (Figure 2b, showed a
relatively steady increase over the duration of the experi-
ment for both the unstimulated (up to 1.5  102 S/m or
28% increase) and biostimulated (up to 1.6  102 S/m
or 18% increase) columns. The w (Figure 2c) of the
biostimulated columns decreased slightly for the first few
days (by 5%) to 8.0  102 S/m, before increasing
slightly for the rest of the experiment. The w of the
unstimulated columns varied to a greater degree (12%)
than the biostimulated columns, decreasing for the first
20 days by 12% to 7.5  102 S/m, before increasing
to 8.3  102 S/m by day 60.
3.2. Microbial and Geochemical Analyses
[13] Temporal variations in the live and dead microbial
cell concentrations (presented as cells/gram of wet sand
weight) for both biostimulated and unstimulated columns
are shown in Figure 2d. Live cell concentrations in the
biostimulated column increased by 230%, from 3.6 
104 cells/g on day 13 to peak concentrations on day 23
(1.2  105 cells/g), before declining to 3.0  104 cells/g
on day 40. Although the dead cell concentrations within the
biostimulated columns were generally lower than the live
cell concentrations, they displayed a similar trend to the live
cell concentrations, albeit to a lesser degree. The dead cell
concentrations increased from 4.6  103 cells/g on day 13
to peak concentrations on day 23 (1.9  104 cells/g), and
decreased to 6.0  103 cells/g on day 40. The microbial
cell concentrations from the unstimulated column initially
decreased during the first 30 days of the experiment before
increasing with values varying between 2  103 cells/g
and 2  104 cells/g for the duration of the experiment (both
live concentrations and dead concentrations). The error
associated with the cell concentrations was less than 1.8 
104 cells/g and 1.5  104 cells/g for the biostimulated
column live and dead cell concentrations, respectively, and
less than 1.2  104 cells/g and 1.0  104 cells/g for the
unstimulated column live and dead cell concentrations,
respectively.
[14] A temporal decrease in pH was observed for both the
biostimulated and unstimulated columns (Figure 2e). The
biostimulated columns showed a relatively greater decrease
(7–6.3) than the unstimulated columns (7–6.6).
3.3. Grain Surface Characteristics
[15] We show four representative ESEM images of sur-
faces of sand samples obtained on day 23 and day 46
(Figure 3). The images from day 23 of the biostimulated
column show a network of extracellular structures between
sand grains (Figure 3a), as well as the attachment of
individual bacterial cells (Figure 3b) to the sand surfaces.
The image from day 23 of the unstimulated column
(Figure 3c) shows the relatively smooth, uncolonized sur-
face of a sand grain. Figure 3d shows a backscattered
electron composition image of the surface of a sand grain
from day 46 of the biostimulated column with features that
may represent extracellular or biomat-like structures.
4. Discussion
[16] ESEM images confirm microbial growth and biofilm
formation in the biostimulated column. The complex con-
ductivity measurements show that changes in 00 generally
Figure 2. Results of the measured (a) 00, (b) 0, (c) w, (d) microbial cell concentrations, and (e) pH. In Figures 2a, 2b, 2c,
and 2e closed black circles represent biostimulated column measurements, and closed gray symbols represent unstimulated
column measurements. Microbial cell concentrations (Figure 2d) are shown as biostimulated column live cells (black closed
circle), unstimulated live cells (gray closed circles), biostimulated column dead cells (black closed triangle), and
unstimulated column dead cells (gray closed triangle). Error bars represent measurement uncertainty reported as standard
deviation from average of duplicate measurements.
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paralleled those of the microbial counts, with a close
correspondence in the peaks and magnitude (up to 280%)
of the 00 and that of the cell concentrations (up to 230%) in
the biostimulated columns (Figures 2a and 2d). Since the
microbial cell concentrations were measured from microbial
cells extracted from sand grains, the close correspondence
of the peaks and magnitudes of change of both parameters
suggest that the 00 response resulted directly from the
microbial growth and attachment. The unstimulated col-
umn, however, did not show any close correspondence
between cell concentration and 00.
[17] From our results, we infer the following: the increase
in microbial cell concentration (Figure 2d) and 00 observed
in the biostimulated column (day 13–23) may be in whole
or in part due to the increased attachment of cells/biofilms
to the surface of sand grains, and/or the increased aggrega-
tion of cells into microcolonies [e.g., Watnick and Kolter,
2000]. The subsequent decrease in the live microbial cell
concentration (day 23–60), and corresponding decrease in
00 may be due to an increased rate of detachment [e.g.,
Watnick and Kolter, 2000] or death and lysis of cells [Mai-
Prochnow et al., 2004], possibly due to limited nutrients/
carbon source or from excessive cell density. The idea of
cell death and lysis, the process in which the cell disinte-
grates and the contents enter the bulk fluid, is a plausible
explanation for not observing an increase in the dead cell
concentration after day 30.
[18] This suggestion is further supported by the ESEM
images of sand from the biostimulated column, which
showed high numbers of attached cells and extracellular
structures on day 23 (Figure 3a), while less attached
biomass is apparent on day 46 (Figure 3d). Whereas
Ntarlagiannis et al. [2005b] investigated the electrical
response of live dormant cells and speculated on the cause
of the electrical response, the ESEM images (Figure 3)
presented in this study, provides strong evidence to support
our findings that the 00 response is associated with cell
aggregation/biofilm formation. The ESEM image from day
23 of the biostimulated column (Figure 3a) showing the
extracellular material between sand grains, looks similar to
the conductive extracellular structures known as nanowires
that have been found in recent studies [i.e., Reguera et al.,
2005; Gorby et al., 2006]. The nanowire structures have
been documented to facilitate electron transport from cells
to solid phase electron acceptors and typically develop
under nutrient (terminal electron acceptor) limiting condi-
tions [Gorby et al., 2006]. Consequently, they may provide
the necessary connections needed for charge transfer in
microbially active systems and thus be responsible in part
for the geoelectrical response observed in biostimulated
porous material. However, more laboratory studies are
needed to confirm or refute this hypothesis.
[19] A relatively steady temporal increase in the 0 was
observed in both the biostimulated and unstimulated col-
umns. We used pure silica sands to minimize weathering in
the columns and therefore did not expect to observe any
significant changes in 0. Hence, we are not sure as to the
cause for the changes in 0. However, we speculate that the
temporal increase in the 0 may be due to the periodic
addition of BH nutrients (Day 18 and 31) to the columns,
which would increase the ionic concentration of the pore
fluid. This increase in the ionic concentration of the pore
fluid is observed in the w, albeit to a lesser magnitude. We
note that Ntarlagiannis et al. [2005b] also observed changes
in the 0 in their experimental columns not explained by the
fluid conductivity data.
[20] In conclusion, the results from this study provide
evidence that complex conductivity measurements, specif-
ically imaginary conductivity measurements, can be used as
a proxy indicator of microbial growth, attachment, and
biofilm formation in porous geologic media. We surmise
that the observed polarization (00) response arises from the
direct interaction of the attachment of microbial cells and
biofilm development on mineral grain surfaces. These
results further our understanding of the direct effect of
microbial growth on electrical measurements, and have
implications for geoelectrical investigations of environ-
ments with enhanced microbial growth/activity. Our work
may lead to the application of complex conductivity meas-
urements to field investigations, such as studies aimed at
assessing the (1) integrity of subsurface biofilm barriers
(biobarriers) used to remediate contaminants or seal reser-
voirs for CO2 sequestration and (2) progress of microbial
activity during enhanced oil recovery. Furthermore, our
work suggests the possibility of applying electrical measure-
ments to investigations of life on other planets.
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